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Open micro-ﬂuidic system for atomic force microscopy-guided in situ
electrochemical probing of a single cell
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Ultra-sharp nano-probes and customized atomic force microscopy (AFM) have previously been
developed in our laboratory for in situ sub-cellular probing of electrochemical phenomena in
living plant cells during their photosynthesis. However, this AFM-based electrochemical probing
still has numerous engineering challenges such as immobilization of the live cells, compatibility of
the immobilization procedure with AFM manipulation of the probe, maintenance of biological
activity of the cells for an extended time while performing the measurements, and minimization of
electrochemical noise. Thus, we have developed an open micro-ﬂuidic channel system (OMFC) in
which individual cells can be immobilized in micro-traps by capillary ﬂow. This system affords
easy AFM access and allows for maintenance of the cells in a well-deﬁned chemical environment,
which sustains their biological activity. The use of micro-channels for making the electrochemical
measurements signiﬁcantly reduces parasitic electrical capacitances and allows for current
detection in the sub-pico-ampere range at high signal bandwidths. The OMFC was further studied
using simulation packages for optimal design conditions. This system was successfully used to
measure light-dependent oxidation currents of a few pico-amperes from the green alga
Chlamydomonas reinhardtii.

Introduction
Photosynthesis in plant cells is a ubiquitous natural solar energy
conversion process. Light energy is captured by light harvesting
complexes, which funnel that energy into the reaction centers
of the photosynthetic electron transport chain, causing a charge
separation that provides the driving force to split water into
protons, electrons, and oxygen. The electrons are passed along
an electron transport chain, where the energy generated during
electron ﬂow can be used for ATP formation and the reduction
of inorganic carbon (but also sulfate and nitrite reduction).1 This
process is very similar to the energy process of solar cells and
has the potential to be exploited by direct extraction of energetic
electrons from the photosynthetic electron transport system. We
hypothesized that insertion of micro/nano-electrodes proximal
to the electron transport chain housed in the photosynthetic
membranes would help reveal fundamental mechanisms associated with electrochemical reactions inside the cell.2,3
Extraction of electrochemical energy from the photosynthetic
apparatus would require insertion of electrodes into living
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cells that are maintained in a well-deﬁned micro-environment,
and would cause disruption of natural photosynthetic electron
ﬂow. This local electrochemical probing of living cells raises
several technical challenges including: (1) fabrication of ultrasharp probes for non-destructive cell penetration; (2) nano-scale
manipulation of probes; (3) electrodes with sufﬁcient electron
afﬁnity; (4) immobilization of cells at single cell resolution;
(5) maintenance of cell viability during the experiments; (6)
reduction of exogenous electrochemical noise, which interferes
with the measurements. Our laboratory and other researchers
have successfully used atomic force microscopy (AFM) controlled nano-electrodes of sufﬁcient electron afﬁnity to carry out
electrochemical analysis,4–6 addressing the ﬁrst three technical
challenges of our goal to extract electrical energy from photosynthesis. However, challenges regarding optimal cell manipulation
and the elimination of measurement noise had not been solved.
The target cell for this investigation is the unicellular, green
alga Chlamydomonas reinhardtii (designated Chlamydomonas
throughout), which unlike mammalian cells, does not adhere
to the surface of most substrates. Since internal or external
AFM-probing of cells requires a physically stable adhesion to
a substrate, it was necessary to develop a robust immobilizing
method for non-adherent cells. Algae have been immobilized in
a gel matrix,7 as shown in Fig. 1(a). However, this gel-based
immobilization is incompatible with AFM probing since the
penetration and navigation of AFM probes within the gel matrix
are very limited. Micro-ﬂuidic systems have also been explored
in order to immobilize non-adherent cells. Previous investigations have used hydrodynamic force,8–12 negative pressure,13–15
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channel structures were sputter-coated with gold and surfacetreated using thiolated polyethylene glycol (PEG-SH) in order
to enhance capillary ﬂow. We optimized the geometry of microtraps for the maximum trapping yield using a ﬁnite element
analysis (FEA) method. Cells of our model photosynthetic alga,
Chlamydomonas reinhardtii, were effectively immobilized in the
optimized micro-channel structures. Furthermore, we successfully penetrated the cells with nano-probes that were positioned
at the cell surface with guidance provided by the AFM system. In
addition, light-signal dependent electrochemical response from
a Chlamydomonas reinhardtii was observed demonstrating the
feasibility of nano-scale electrochemical analysis.

Materials and methods
1. Concept of capillary trapping

Fig. 1 Diagrams of immobilization scheme for nano-probe measurements on living cells. (a) Cell immobilized in gel system; (b) cell in
solution; (c) cell immobilized in micro-ﬂuidic structure.

centrifugal force,16 or artiﬁcial tethering by antigens or
resins.17–20 Furthermore, adhesion-independent patterning
methods such as electrophoresis,21 dielectrophoresis,22 and optical techniques23,24 have also been employed. However, these
methods either require a ‘closed’ micro-ﬂuidic system, which
is incompatible with AFM probing, or the complex system
architectures.
Most AFM investigations, mainly for probing the topography of cells/structures, perform the scan in an aqueous
environment.25,26 However, as shown in Fig. 1(b), this aqueous
environment becomes a large source of unwanted capacitive
currents that interfere with the electrochemical probing, since
the magnitude of the capacitive leakage current is directly
proportional to the wetted area of a nano-probe. Paradoxically,
the target cells of the experiment must be kept fully hydrated
to maintain their viability. Therefore, it has been necessary to
develop a method to maintain the level of the aqueous solution
at the minimum that sustains survival of target cells during
electrochemical monitoring. The requirements of the system
also include open access for AFM probing, maintenance of
convenient and rapid solution exchange, and a low cost, easy
method for fabrication.
Here, we propose the use of microﬂuidic channels that
immobilize single cells by a capillary force and allow open access
to the AFM-linked probe. A proper choice of the dimensions of
the open micro-ﬂuidic channels minimizes the leakage current
through the capacitive pathways of the wetted AFM probes
while maintaining viability of subject cells. The cells are carried
from a dispensing port by capillary ﬂow and sequentially
immobilized in micro-traps within open micro-channels. This
system facilitates immobilization of multiple cells in an arrayed
format such that AFM probing of the different cells is possible
without changing the immobilization plateform. For this study,
we employed micro-molding to construct micro-channels on
polymethyl methacrylate (PMMA) layers. The micro-molded
This journal is © The Royal Society of Chemistry 2008

Micro-ﬂuidic technology has been extensively explored to immobilize various biologics from proteins to cells. However, most
micro-ﬂuidic platforms are closed systems that do not allow
access of nano-probes (AFM operated) to the immobilized
biological samples. Our objective was to develop a microﬂuidic platform that allowed open access of nano-probes and
immobilization of single cells or organelles while maintaining a
physically and chemically controlled environment. Furthermore,
it was necessary to incorporate in situ exchange of chemical
environments in the micro-ﬂuidic structures in order to examine
the consequences of modulating photosynthetic activity on the
generation of electrochemical gradients.
The current conﬁguration used to make the measurements
presented in this manuscript is illustrated in Fig. 1(c). Single algal
cells are immobilized by capillary ﬂow at the micro-traps in open
micro-channels on an optically transparent PMMA substrate, as
shown in Fig. 2. A nano-probe is then moved to the top surface
of the target cell by AFM manipulation. The nano-probe is then
lowered onto the surface membranes and the sharp tip of the
probe penetrates that membrane; the membrane then adheres
to the hydrophobic surface that coats the probe, generating a
tight seal that prevents leakage of the intracellular content into
the surrounding medium. Optical, force, and electrochemical
signals are then monitored and recorded in situ as the probe is
positioned at the various locations in the cell.

Fig. 2 Immobilization of a single cell in a micro-trap by a capillary
ﬂow in open micro-channels.
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2.

Theory of capillary ﬂow in open channels

Capillary pressure in the ﬂow direction (z) of open microchannels can be described as
(1)
where c is the surface tension of a liquid, a b,l,r are the contact
angles of the liquid on the bottom, left, and right wall,
respectively, and d and w are the depth and width of a microchannel.27 As this channel is open at the top, there is no
contribution of a top interface (liquid/air) to capillary pressure
in the ﬂow direction (z). The volume ﬂow rate (Q) and ﬂow
resistance (Rfr ) in the micro-channels are expressed as28
(2)

(3)
where g is the viscosity of the liquid, DP is the difference of
pressure between the two liquid fronts, L is the ﬁlled length of
the channel, Rh is the hydraulic radius of the channel, A is the
cross-sectional area of the channel, and a is the aspect ratio of
the channel. The aspect ratio is deﬁned as either height/width or
width/height such that 0 ≤ a ≤ 1. In our experiment, DP is equal
to Pc,z from eqn (1) since the dispensing port has a relatively large
wetted perimeter compared to the micro-channels.
3.

Fabrication

The silicon mold fabrication process was mainly composed of
one lithography step and one etching step (Fig. 3). Photoresist
(AZ 3612, Shipley, MA) was spun on the wafer with the thickness
of 1.6 lm and channel features were patterned by lithography.
The patterned photoresist was hardened by baking in 110 ◦ C
oven for 30 min. Thereafter, the wafer was etched down to either
8 lm deep for 20 lm wide channels or 20 lm deep for 80 lm wide

channels by deep reactive ion etching (DRIE) to form the mold
structure. The photoresist was then removed by 3 min oxygen
plasma and 20 min piranha at 120 ◦ C. Teﬂon (Teﬂon AF, 400S1100-1, Dupont, DE) was coated on top of Ti (50 nm thick) on
the patterned silicon molds to enhance demolding.
PMMA hot embossing was done on a Carver press.29 The 4
inch silicon wafer mold was placed between two parallel hard
substrates. A 50 lm thick PMMA ﬁlm was placed on the top of
the micro-fabricated silicon mold (Fig. 3). The whole structure
was heated to 140 ◦ C and 1400 lb of force was applied over the
4 inch silicon mold for 5 min, after which it was cooled to room
temperature and the PMMA ﬁlm was de-embossed. The ﬁnal
product of this process was a channel structure with a width of
20 lm and a depth of 5 to 10 lm.
After completing the molding, the polymeric ﬁlm was cut
into eight micro-ﬂuidic devices (16 × 30 mm2 ). Each device was
cleaned in an ultrasonic bath for 5 min and sputter-coated with
Au (about 30 nm thick) at 20 mA for 4 min to achieve a resistance
of less than 100 ohms across the device surface. The device was
then immersed in an ethanolic solution of thiolated polyethylene
glycol solution (mPEG-SH, NanoCS, NY, 5 mg ml−1 ) for 10 min
to form a self-assembly monolayer on the gold, generating
a hydrophilic surface that would facilitate capillary ﬂow. The
device was ﬁnally cleaned with deionized water and blown dry.
The surfactant treatment effectively reduced the contact angle
to below 30◦ .
4. Set-up and device operation (confocal/AFM setup)
The AFM Picoplus 5.3.3 system (Molecular Imaging, USA) was
custom-ﬁtted on top of the sample stage of a Zeiss Confocal
Microscope (Zeiss LSM, USA). A nano-probe was attached
to the AFM scanner by custom-fabricated AFM nozzle.5 The
nano-probe had the needle shape (20 to 50 lm long and the end
radius of 50 nm) made of silicon nitride (300 nm thick) layer. A
thin gold (100 nm thick) layer was embedded between the silicon
nitride layers as an electrode material. A micro-channel substrate
for cell immobilization was mounted on the AFM sample stage.
Typically, a single substrate contained three identical groups of
channels for multiple experiments. A cell solution (3 lL) was
dispensed into a dispensing port by a micro-pipette. The sample
substrate was maintained at around the dew point of the ambient
conditions by enclosing the sample substrate with a latex sheet
and having wet cotton layers inside the enclosure. This system
allowed for extended sample observation time up to one hour
without a loss of liquid from the micro-channels.
5. Cells and organelles

Fig. 3 Fabrication process used to construct open micro-ﬂuidic channel
system.
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Chlamydomonas strains were grown in Tris-acetate-phosphate
(TAP) medium prepared as described previously,30 at a light
intensity of 30 to 100 lmol photon m−2 s−1 , in Erlenmeyer ﬂasks
with shaking at 100 to 200 rpm. To facilitate cell capture and
penetration of the outer membrane, we utilized the cell walldeﬁcient, paralysed-ﬂagella Chlamydomonas strains CC-2846
(arg7cw15pf18) and CC-2854 (cw92pf18). The Chlamydomonas
cells generally appear approximately spherical with a diameter
of 5–10 lm. The cell has a single cup-shaped chloroplast that
can occupy nearly half of the volume of the cytoplasm.
This journal is © The Royal Society of Chemistry 2008

6.

System modeling

Capillary ﬂows in micro-ﬂuidic channels were characterized
using a MATLAB script (MATLAB 6.5, The Mathworks,
Inc.). The ﬂow rate and velocity was calculated for the various
geometric conditions of the micro-channels based on eqn (1)
to (3). Deionized water was selected as a model ﬂuid and its
properties such as surface energy (c = 70 mN m−1 ) and viscosity
(g = 1 × 10−3 N s m−2 ) were used in the calculations. Detailed
ﬂow patterns around micro-traps were further analysed using
a 3D ﬂuidic model by COMSOL Multiphysics 3.2 (COMSOL,
Inc, CA). The model was constructed with the incompressible
Navier Stokes equations.31 The viscosity of the liquid was set
as 10−3 kg ms−1 and the density at 103 kg m−3 . Uniform ﬂow
boundary conditions were applied at the entrance of the channel
and the mean velocity of the liquid was set as 0.5 mm s−1 . The
channel width was set as 20 lm with different geometries of
the micro-traps. The channel length was set at 100 lm and
micro-traps were placed in the middle to allow for full ﬂow
development. A non-slip boundary condition was applied at the
sidewalls.

Results and discussion
1.

Open channel system with traps

Optically transparent PMMA ﬁlms (50 lm thick) were micromolded on micro-fabricated silicon wafers, sputtered with gold
and then treated with a surfactant, as described in the ‘Materials
and methods’ section, to generate the micro-channel structure
shown in Fig. 4. These microstructures were uniform across the
PMMA ﬁlm of 60 × 60 mm2 .
Micro-traps placed in the micro-channels for cell capture
were designed after consideration of multiple parameters. In
particular, the shape of the micro-traps and the gap between
the traps and the wall of the micro-channels were carefully
designed since immobilization of the cells depends on the ﬂuidic
behavior around the traps. However, micro-molding processes
impose a certain limitations on trap design. As the aspect
ratio (depth/width or height/width) of a micro-feature becomes
larger, demolding of the micro-feature becomes more difﬁcult,
often resulting in micro-feature breakage (either polymers
or silicon micro-molds). Thus, the shape of the micro-traps
was designed to maintain a speciﬁc width during demolding,
making them resistant to breakage, and a speciﬁc geometry
that allows appropriate ﬂow regulation. The optimal shape
was triangular, with an angle at one side that could be varied
to adjust ﬂow patterns. The gap between the micro-trap and
the walls of the channels controls the ﬂow resistance of the
structure and contributes to the ﬂow pattern around the trap.
The gap was varied to achieve various ﬂow patterns, with the
narrowest gap of 2 lm in a 5 lm deep channel (aspect ratio of
2.5).
The efﬁciency of cell immobilization also depends on the
capillary force generated by the interaction between the cell
solution and the surface of the micro-channels. Although most
of the channel surfaces were hydrophilic, the channels were
not able to elicit capillary ﬂow. This reﬂects an open channel
structure in which there is no surface tension contribution from
the open side of the channel. Therefore, we treated the gold
This journal is © The Royal Society of Chemistry 2008

Fig. 4 SEM images of open channel traps on PMMA sheets. (a)
Triangular micro-trap with a gap of 3 lm between the right-hand wall
and the trap structure. (b) Multiple traps in parallel micro-channels. The
channels are 20 lm wide.

surface coating (which acts as counter-electrode) of the PMMA
layers of the channel with a strong hydrophilic surfactant, PEGthiol.32 This surface treatment enhanced capillary ﬂow of the
introduced solution, allowing for instantaneous ﬁlling of the
full length of the micro-channels. The contact angle of the PEGthiol treated surface was 30◦ , while the bare surface or goldsputtered surface of PMMA had the contact angles of 90◦ and
45◦ , respectively.
The PMMA-based micro-ﬂuidic system has many advantages for our investigations. As AFM manipulated probing is
performed with cells that have been immobilized by the trap
structures in the channels, it is critical to be able to view the
cells at the same time as the manipulations are being performed.
Most microscopes used for AFM are inadequate for viewing
biological samples, particularly those immersed in an aqueous
environment. The most effective viewing of the cells can be
Lab Chip, 2008, 8, 1460–1467 | 1463

achieved with an inverted microscope, which requires that the
substrate used to capture the target cells be optically transparent.
The PMMA layers are optically transparent even when coated
with thin layers of gold and PEG-thiol, which is unlike the microﬂuidic systems constructed from silicon. The ultra-thin nature of
the PMMA layers also allows the high resolution imaging by the
inverted microscope up to 100 times of magniﬁcation. The low
cost of fabrication is another advantage of our system. A single
micro-molding, which only takes a few minutes, generates eight
sets of the system. Furthermore, a single channel set has multiple
sites at which individual cells could be immobilized for making
electrochemical measurements; this facilitates the generation of
replicate sets of data, Furthermore, PMMA is biocompatible
and does not harm the cells during the experiments. Finally, this
process is not limited to PMMA, but can be expanded to any
thermoplastic material.
2.

Capillary ﬂow in open micro-channels

Once a cell solution is dispensed into a reservoir port of an
open channel system, an immediate, strong capillary ﬂow occurs.
Most of the cells are carried into micro-channels by this initial
ﬂow and are sequentially immobilized in the micro-traps. The
capillary ﬂow then typically slows down and stops when the front
end of the solution arrives at the empty reservoir on the other
side. The organization and immobilization of cells occur during
this early ﬂow, making the efﬁciency of cell immobilization
dependent upon the ﬂow rate through the micro-channels and
the ﬂow pattern around the micro-traps.
We analysed the ﬂow behavior in open micro-channels with
varying dimensions using MATLAB software. This ﬂow is
described as eqn (1) to (3). Fig. 5(a) shows that the ﬂow rate
is high at the channel entrance and decreases gradually as the
ﬂow front moves further downstream. This decreased rate is
due to increasing ﬂow resistance (Rfr ), as expressed in eqn
(3). Regardless of the location of the ﬂow front, the capillary
force as a driving force is constant as long as the geometry of
the micro-channels does not change. However, the resistance
increases linearly since the volume of ﬂow that the constant
capillary force must carry increases as the ﬂow moves further
downstream. Eventually, the ﬂow travels over a certain distance
and stops when capillary force is balanced by ﬂow resistance. The
cross-sectional dimensions of the micro-channels also affect the
behavior of the capillary ﬂow. As shown in Fig. 5(b), the ﬂow rate
of the capillary increases as the channel depth or width increases.
Interestingly, the velocity of the ﬂow front increases as a channel
becomes deeper, but only to a certain depth (Fig. 5(c)). This
means that the ﬁlling time of a channel becomes less sensitive to
a change in channel depth above a certain depth threshold. We
chose 20 lm as the optimal width of the micro-channels since
our target cell, Chlamydomonas, has a diameter of 5 to 10 lm.
The depths of the channels used for our experiment were 5, 8,
and 10 lm.
3.

Design of micro-traps

The ﬂow pattern around the micro-traps was simulated using the
COMSOL simulation package. The main goal of the simulation
was to ﬁnd the optimal size of the gap between the trap and
channel wall. It is important to have a certain amount of ﬂow
1464 | Lab Chip, 2008, 8, 1460–1467

Fig. 5 Characteristics of open micro-channel ﬂow under various
geometric conditions.

go through this gap (gap ﬂow), while the size of the gap must
be small enough to capture the cell, which would completely
block further ﬂuid movement through the gap. As shown in
Fig. 6, the size of the gap was varied from 1 and 5 lm for a ﬁxed
bypass width of 10 lm and the corresponding ﬂow patterns were
analysed. A ﬂux ratio was deﬁned as the ratio of ﬂow through
the gap over the total ﬂow through a channel. The ﬂux ratio
This journal is © The Royal Society of Chemistry 2008

Fig. 6 Finite element analysis of ﬂow pattern for design of optimal
micro-traps.

increases from below 2% to about 30% of the total ﬂux as the gap
increases from 1 to 5 lm. This ﬂux ratio indicates the probability
of trapping cells in a channel. Thus, it is desired to increase the
trapping probability by making the gap as large as possible, but
not so large that it allows for the passage of the target cell. Based
on this analysis, a 3 lm gap size was selected as optimal for our
micro-traps.
4.

Trapping cells and AFM probing

A droplet of a solution (3–5 lL) containing non-motile
(paralysed-ﬂagella) Chlamydomonas cells was dispensed at one
end of the open micro-channel structure. Autonomous capillary
ﬂow was initiated, which carried the cells along the channels.
The cells were captured by micro-traps in the channels and
immobilized by the pressure gradient generated from continuous
capillary ﬂow, as shown in Fig. 7. Once a cell is positioned in
a trap, other cells ﬂowing through the channel pass around the
occupied traps; no aggregation of cells in the trap structures
was observed. The ﬁnal product was an array of trapped,
single cells in multiple micro-channels, which allows for the
sequential probing of multiple cells without reinitiating the
trapping process. Even after the capillary ﬂow stopped, the cells
stayed at the trap since the cells were mechanically anchored
between the trap and wall of the channel. The cells remained
trapped until the end of an experiment for up to 50 minutes.
Furthermore, the cell solution was contained in the microchannels (5 to 10 lm deep), guaranteeing that cells were always
immersed in an aqueous environment. However, the shallow liquid layer minimizes immersion of the nano-probe, which reduced
the parasitic capacitance by ﬁve orders of magnitude (from
This journal is © The Royal Society of Chemistry 2008

Fig. 7 (a) Optical image of Chlamydomonas trapped in an open
channel platform mounted on top of thin cover glass. (b) Individual
Chlamydomonas cells are captured at multiple micro-traps. A cell
is being penetrated by AFM-operated nano-probes for monitoring
of electrochemical responses to light absorption. The images were
taken under 100× and 40× magniﬁcation from below the micro-ﬂuidic
platform.

0.55 nF to 5.5 fF), allowing for electrochemical measurement
in the current range of sub-pA. The micro-ﬂuidic and AFM
system was kept inside a closed chamber with a relative
humidity that was maintained at around 90% in order to prevent
evaporative losses of the cell solution. Each experiment could
be performed for up to an hour without compromising cellular
function.
Once cells were immobilized in the micro-traps, the nanoprobe tip was positioned on the surface of the cells by AFM
manipulation and further z-direction pressure was applied by
nano-metre scale movement, which allowed penetration of the
target cells. In addition, the ability to position and move the
nano-probe within the cell is expected to enable the detection
of currents associated with speciﬁc subcellular structures in
future experiments. In the present experiment, we aimed to
locate the nano-probe proximal to the thylakoid stacks within
chloroplasts, a region within the chloroplast associated with
the generation of high potential electrons. Penetration of the
nano-probe into chloroplasts within Chlamydomonas cells was
Lab Chip, 2008, 8, 1460–1467 | 1465

reliably performed, while the positioning of the nano-probe close
to thylakoid stacks requires further investigation.
5.

Electrochemical measurement

A gold nano-probe was inserted in a single Chlamydomonas
cell followed by illumination of the cells with cold light (halogen
light, Carl Zeiss HAL 100, ﬁltered by hot mirror). Polarizing the
probe electrode relative to a gold counter electrode that was
patterned onto the micro-ﬂuidic substrate, yielded oxidation
currents. Currents were dependent on light intensity (larger
currents were generated with more intense light), with a maximal
intensity used of 108 lmol photon m−2 s−1 . About 1 pA of
oxidation current was observed at a voltage bias of 200 mV, as
shown in Fig. 8. The source of this signal was veriﬁed using
a green light ﬁlter (D546/4 green band pass ﬁlter, Chroma
Technologies, Rockingham, VT), which passes through only
wavelengths between 544 and 548 nm and blocks out wavelengths of light that stimulate photosynthetic electron ﬂow and
also eliminates the oxidation current. Potential electron donors
responsible for current generation are the thylakoid-associated
plastoquinone pool and ferredoxin, a peripheral membrane
protein that associates with photosystem I on the stromal side of
the thylakoid membranes.33,34 These oxidation signals represent
interactions of the electrode with primary targets for studying in
vivo energy conversion processes in photosynthetic cells. Further
investigation is required to verify the source of the observed
relation between light intensity and current.

Fig. 8 Oxidation current at a nano-probe potential of 200 mV in respect
to Au quasi-reference electrode.

Conclusions
An open micro-ﬂuidic channel system has been developed for
electrochemical AFM probing of the unicellular algal cells or
chloroplasts isolated from plant cells. The micro-ﬂuidic system
employs micro-traps and capillary ﬂow to immobilize individual
cells in an arrayed conﬁguration for easy access of the AFM manipulated probe, reduction of leakage currents, and controlled
micro-environments that sustain cellular activities. Cells of 5
to 10 lm in diameter were successfully immobilized in these
micro-ﬂuidic structures. Once single cells were trapped, nanoelectrodes could be positioned on the surface of the cell, with
subsequent penetration of the electrode into the cell allowing
for the measurement of light-dependent oxidation currents. The
conﬁguration of the micro-ﬂuidic structures allowed for AFM
probings of a number of different cells without changing the
1466 | Lab Chip, 2008, 8, 1460–1467

experimental substrate. Furthermore, the parasitic capacitance
of the system was markedly reduced by minimizing the area of
the probe that was wetted by the solution within the channel.
This reduction in parasitic capacitance enabled electrochemical
measurements in the sub-pA current range. Overall, the combined use of the nano-electrode and micro-ﬂuidic open channel
structures provides a novel platform for in situ investigations
of the reactions associated with photosynthesis and other
electrochemical processes in living cells.
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